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I.    Abstract

Arbovirus infections cost the equestrian industry millions of dollars each year.  West Nile Virus (WNV), a flavivirus grouped with St. Louis Encephalitis virus (SLE) within the Japanese encephalitis complex, emerged in North America in 1999, adding to the concerns of horsemen and veterinarians.  The alphaviruses, Eastern Equine Encephalitis (EEE), Western Equine Encephalitis (WEE), and Venezuelan Equine Encephalitis (VEE) cause severe central nervous system dysfunction in infected equines, which often result in death.  Knowledge of viral maintenance mechanisms within infectious disease vectors and reservoirs is critical for control and prevention of equine epizootics.  Highlands J virus (HJV) is an alphavirus species within the Western Equine Encephalitis virus complex.  Although HJV shares many important viral features with WEE, it is not a human pathogen nor is it a common pathogen of horses.  These features make HJV an ideal virus for modeling reservoir and vector transmission studies in laboratories with moderate containment capabilities.  The HJV mimics the enzootic cycle of EEE in eastern North America.  Epiornitic outbreaks often occur one to two weeks prior to epizootic EEE occurrence in horses.  Enzootically, HJV, EEE, and WEE are maintained between passerine birds and mosquitoes, WNV is maintained between mosquitoes and birds of the family Corvidae.  Where and how these viruses are maintained over the winter months and during periods of low to no mosquito activity remain an enigma and preclude development of strategic control methods.  This enigma may involve the hematophagous arthropod Ornithodoros kelleyi, a soft tick, and feral bats, which it parasitizes.  O. kelleyi has an appropriate lifestyle and host to be a true reservoir of the equine encephalitis arboviruses.  Is the argasid, soft tick, O. kelleyi a competent reservoir for HJV?  That is the hypothesis to be tested in this proposed study.  

To determine competency for the indicator virus, HJV, we will experimentally infect ticks from a laboratory colony known to be free of the alphaviruses HJV, EEE, WEE, and the flavivirus WNV as determined by testing random pools of individuals using RT-PCR for those viruses.  In the laboratory, we will monitor maintenance of HJV in the tick through multiple, successive generations.  If O.kelleyi is a competent reservoir for HJV, further studies with uptake and transmission of the virus from and to bats would be warranted.  We propose that the argasid tick O. kelleyi plays a role in the over-wintering and maintenance of the mosquito vectored alphaviruses HJV, EEE, WEE, and the flavivirus WNV by maintaining those viruses in a non-enzootic alternative cycle to their respective bird – mosquito cycles.  In this regard, HJV can be established as a sentinel virus.  Positive studies on reservoir competency of O. kelleyi for HJV and laboratory data supporting the ability of O. kelleyi to uptake and transmit HJV to and from bats would provide justification for further studies with EEE, WEE, WNV, O. kelleyi, and bats.  Through enhanced understanding of the mechanisms by which HJV, EEE, WEE, and WNV are maintained outside the enzootic cycle, we will be better able to monitor, control, and prevent equine epizootics of these viruses.
 

II.   Research Plan

A. Specific Aims

Reservoir competency of arthropod-borne infectious disease is defined by the arthropod species ability to uptake, maintain, and transmit the causative agent of the disease.  The vector/reservoir species in question must be able to uptake the agent, either actively or passively, from another species or other members of its own species without harm to itself.  It must then be able to maintain the virulence of the agent.  Finally the species must be capable of transmitting the agent either actively or passively to other members of its own species without causing detriment to them or itself, or transmit the agent to members of another species.  The objective of this grant application is to demonstrate reservoir competency of the soft tick O. kelleyi for the alphavirus HJV.  An O. kelleyi laboratory tick colony free of alphaviruses HJV, EEE, WEE, and the flavivirus WNV will be established and then infected to accomplish this.

Specific Aim 1: Establish an alphavirus EEE, HJV, WEE and flavivirus WNV free laboratory colony of the soft tick O. kelleyi.

Specific Aim 2: Infect members of the alphavirus EEE, HJV, WEE and flavivirus WNV free laboratory colony of the soft tick O. kelleyi with HJV and monitor the ability of this tick species to maintain HJV through successive tick generations.   

Demonstration of reservoir competency of O. kelleyi for HJV will provide preliminary data on possible maintenance of the virus outside its enzootic cycle.  This data will offer support for further study of O. kelleyi as a competent reservoir for the maintenance of the related alphaviruses EEE and WEE in the laboratory as well as the equine pathogen WNV, a mosquito vectored flavivirus with an unclear over-wintering maintenance mechanism and which has been isolated from bats and ticks in the Old World, providing strong support for our hypothesis.  The data will justify future transmission and uptake studies of HJV and later EEE, WEE, and WNV in a cycle between the ectoparasite O. kelleyi and its bat hosts in the order Chiroptera.  Our long term goal will thus address the guiding hypothesis that EEE, WEE, and WNV are maintained outside of their respective enzootic cycles, over-wintering in an alternative maintenance cycle between the argasid, soft tick, O. kelleyi and the bat species parasitized by it.                 

B. Significance

     
Each year millions of dollars are expended by the equestrian industry to prevent and treat horses for arbovirus infections. (10, 29, 75, 132, 143) WNV, a relative of the human pathogen SLE (129) emerged as a new and deadly infectious viral agent in the eastern United States during 1999, (14, 17, 33, 45, 73, 86, 116, 128) and has recently been isolated from aborted equine fetal tissue associated with mare reproductive loss syndrome in the state of Kentucky. (144) It along with the alphavirus encephalitis caused by EEE, WEE, and VEE, results in fatal central nervous system infections in horses. (5, 14, 37, 44, 57, 76, 81, 86, 89, 94, 97, 113, 134) Although an arbovirus, related to WEE, HJV is not recognized as a significant equine pathogen, nor is it a known human pathogen. (13, 57, 138) Since it was first reported in the 1960’s it has been linked with an equine death, in the state of Florida. (54, 57) Cause of death in this horse was originally reported as due to infection with a strain of WEE. (54) The case was re-evaluated with polyclonal and monoclonal immune reagents twenty-four years later and the agent was characterized as a strain of HJV, 64A-1519 (57), cross-reactivity between HJV and EEE has been reported in clinical diagnosis using immunologic based tests. (112, 141) Yet, HJV shares viral characteristics with WEE and has an enzootic cycle similar to EEE in Eastern North America. (4, 13, 81, 88, 89, 138, 141) HJV like EEE and WNV is of veterinary significance as a poultry pathogen, with high mortality rates in domestic turkeys and chickens. (13, 30, 38, 39, 102, 124, 146) HJV is an ideal species for modeling arboviral encephalitis studies within facilities of moderate containment laboratories.  It is closely related to the alphavirus equine pathogens which are infectious and pathogenic for horses, (57) but HJV is not considered pathogenic to horses or humans. (88, 138, 141)


The mechanism(s) by which the arboviruses EEE, WEE, WNV, and HJV are maintained and persist during periods of low to no enzootic activity are not clear. (44, 45, 81, 89, 101) In enzootic cycles arthropod vectors, chiefly mosquitoes, maintain these viruses among birds and other vertebrates. (15, 34, 42, 43, 53, 58, 68, 78, 130) EEE is maintained among passerine birds and the mosquito Culiseta melanura in the eastern United States, and the mosquito Culex tarsalis maintains WEE in the western United States among passerine birds. (42, 44, 59, 81, 101) In the United States WNV appears to be maintained by the mosquito Culex pipiens and the birds of the family Corvidae: the Jays and Crows. (33, 45, 53) Periodically these viruses escape the enzootic cycle by way of bridge vectors, such as Coquillettidia perturbans, Aedes sollicitans, Aedes vexans, and Aedes albopictus and are transmitted to incidental hosts, horses and humans, with devastating consequences in these species. (10, 15, 29, 54, 75, 78, 82, 83, 98, 115, 127, 130) The equestrian industry, government agencies, and private individuals annually spend millions of dollars on measures aimed at prevention of, treatment for, and follow-up care to survivors of EEE, WEE, and WNV infections. (31, 97, 132, 143)  

Rapid diagnosis is critical for control and prevention of these viral epizootics.  By combining rapid diagnostic assays with mosquito population monitoring and control, it is much easier to predict and contain the increases and decreases of virus infected mosquitoes and birds within naturally occurring enzootic cycles. Much effort has been expended in the development of rapid diagnostic assays for HJV, EEE, WEE, and WNV viruses in mosquito homogenates and antibodies to HJV, EEE, WEE, and WNV viruses in bird and other mammalian vertebrate sera. (11, 23, 40, 52, 66, 67, 79, 87, 112, 133, 141) The effort has been aided by increases in the general knowledge of alphavirus and flavivirus genomics, structure, and function. (16, 61, 66, 84, 88, 94, 117, 119, 120, 136, 137, 139, 140) 

A massive research effort has been directed at the enzootic cycle of maintenance for these viruses in hopes of delineating the mechanism(s) by which these viruses over-winter and are maintained during periods of low to no mosquito activity. (32, 35, 44, 45, 68, 101, 130) The life cycles of mosquitoes with demonstrated vector capacity have been examined and re-examined in the laboratory and in the field. (4, 18, 19, 22, 43, 51, 78, 80, 91) Studies on transovarial transmission (TOT) in mosquitoes have not yielded conclusive results. (80, 114) Vertical transmission too, is unlikely. (32, 135) And the adult C. melanura mosquito is an unlikely reservoir as it over-winters as diapausing larvae. (18, 19, 101) A recent study on the diapausing adult female C. tarsalis mosquito also yielded negative results when they were experimentally infected with WEE prior to and during diapause. (91)  

The passerine birds upon which these mosquitoes feed have also been investigated. (28, 47, 49, 59, 63, 64, 71, 90, 111) Studies have been conducted on experimental hosts ranges in small mammals, reptiles and amphibians. (8, 12, 27, 46, 103, 115, 122) Small mammals are quite susceptible to infections with EEE, WEE, and WNV.  In general, mammals seroconvert early or die; they do not maintain viremic infections over time and infection is uncommon between epizootic occurrences and outside enzootic zones.  Reptiles and amphibians too are naturally infected and can maintain virus during hibernation, but are very susceptible to experimental infection and have not been demonstrated to harbor virus between epizootic cycles or outside the enzootic area.  So, the cycle of maintenance for these viruses remains an enigma.  The key to the enigma lies in the possibility that an alternative maintenance cycle involving a non-avian host and a known hematophagous arthropod vector with proven reservoir capabilities, unlike the mosquito, able to maintain the viruses over long periods of time and throughout successive generations exists in nature.  The argasid tick is such a hematophagous arthropod. 

Mosquitoes and ticks account for the transmission and maintenance of numerous infectious diseases of human and veterinary medical significance. (24, 29, 34, 68, 74, 75, 130) WNV has been isolated from numerous mosquito species as well as hard and soft ticks. (1, 45, 99, 145) In both the New and Old World environments, the mosquito vectors numerous alphaviruses, bunyaviruses, and flaviviruses as well as parasitic and filarial diseases. (29, 34, 68, 75, 94) Ticks of the New and Old World also vector many diseases.  Tick-borne diseases (Babesiosis and Lyme disease) of the New World are known best for those vectored by the hard ticks, the Ixodidae. (24, 29, 92, 109) The soft, argasid ticks though less publicized, are both vector and reservoir for numerous mammalian parasites and pathogens.  For example African swine fever is maintained and transmitted by Ornithodoros moubata, and relapsing fever is transmitted by O. hermsi (26, 92) and O. moubata. (29, 74, 75, 92) Ticks also vector viruses like Crimean-Congo Hemorrhagic Fever (O. lahorensis, a soft tick), Kyasanur Forest disease (Haemaphysalis spinigera, a hard tick), and Omsk Hemorrhagic Fever (Dermacentor reticulates, a hard tick). (29, 34, 74, 75, 109) WEE has been reported from the hard tick Dermacentor andersoni, (125, 126) and WNV has been reported from ticks in Russia. (45, 50)   

Ticks have excellent vectorial capacity due to the properties of their saliva and their life styles. (6, 7, 21, 93, 94, 108, 109, 130) Tick saliva contains components that suppress host immune defenses during feeding such as anti-haemostatic factors including the anti-platelet factors apyrase, moubatin, disagregin, tick adhesion inhibitor, variabilin, and various prostaglandins; or the anti-coagulation factors and the anti-vasoconstrictor and vasodilators. (7, 9, 55) Argasid ticks reside in close association with the vertebrates they parasitize.  Most attach to the host only for feeding between life stages and spend the majority of their lives hidden in the darkened recesses of the host’s burrow, den, lair, or roost. (20, 74, 108, 109)    

Animal hosts are also needed to complete the maintenance cycle of many arthropod-transmitted diseases.  The bird is the vertebrate host in the enzootic maintenance of HJV, EEE, WEE, and WNV, (44, 45, 81, 89, 101) while the rodent is the vertebrate host of many other arthropod vectored diseases. (29, 74, 75)  A less common vertebrate host is the bat (3, 36, 41, 56 121, 122, 123, 147), most notable for its role in the transmission of rabies. (25, 65, 77) Bats are seropositive for a variety of mosquito-vectored viruses, including the viruses EEE, SLE, WEE, VEE, and WNV. (3, 25, 45, 48, 69, 70, 81, 129, 131, 134) Insectivorous bats such as Eptesicus fuscus, the big brown bat, and Myotis lucifugus, the little brown bat, are susceptible to natural and laboratory infection of EEE. (69, 70) These bats also exhibit a post-hibernation viremia when infected experimentally with EEE. (70) Bats are present in areas proximal to enzootic EEE and WEE activity zones, and are parasitized by the soft tick O. kelleyi. (20, 104) 

O. kelleyi has the potential to be an important reservoir of the mosquito- vectored alphaviruses HJV, EEE, WEE, and the flavivirus WNV because of the life style survival mechanisms, which this species has evolved with bats.  O. kelleyi is an ectoparasite of the order Chiroptera. (21, 95, 109)  Bats range throughout the continents of North and South America, encompassing the enzootic zones of the mosquito vectored alpha virus HJV and the enzootic and epizootic zones of EEE and WEE, with the exception of Florida’s southern tip, where HJV and EEE are cycled enzootically year-round.  Bats are also present in all areas of WNV activity throughout the world.  Like all argasids, O. kelleyi is capable of surviving for many years with or without a blood meal.  The tick lives in the crevices, cracks, and debris of bat roosting sites and is rarely encountered by humans.

O. kelleyi was first described by Cooley in 1941. (21) Later Sonenshine published observations on the life history and anatomy of the bat tick. (104, 105, 106, 107) Klompen futher described O. kelleyi’s relationship to other argasid ticks. (60) The argasid tick, O. kelleyi is secretive, emerging only to feed.  Adult and nymphal feeding is rapid and engorgement is completed in several hours.  Feeding occurs during 4 of the 6 life stages of O. kelleyi. (104) Larval feeding occurs much slower, taking days to fully engorge. (100, 104, 110) The life cycle can be completed in as few as 54 days to as many as 258 days. (104) It has been isolated throughout the United States and in Canada, from numerous bat species including E. fuscus and M. lucifugus. (62, 118, 142)  

Laboratory studies to model reservoir competency of the bat tick O. kelleyi for the mosquito-vectored arboviruses in North America are best conducted with HJV.  HJV is an alphavirus of the western equine complex with a similar enzootic cycle to EEE. Unlike WEE and EEE, HJV is not considered a pathogen of importance to horses or humans. (94, 138, 141) The alphaviruses EEE and WEE are risk group three agents (HJV is a risk group two agent) requiring biological safety level three containment and use of these agents is restricted by the federal government due to concerns regarding their use as agents of agricultural and biological terrorism.  If O. kelleyi has reservoir competency for HJV, further studies with uptake and transmission of the virus from and to bats are warranted. 

Importantly, if the soft tick O. kelleyi can reservoir and vector HJV, then it is probable that the tick can reservoir and vector other arboviruses playing a pivotal role in the over-wintering and maintenance of the mosquito-vectored alphaviruses EEE, WEE, and WNV (Figure 1).  Work to establish this can also be conducted using HJV as an indicator virus.  Positive studies on reservoir competency of O kelleyi for HJV and laboratory data supporting the ability of O. kelleyi to uptake and transmit the HJV to bats would provide justification for repeating both the reservoir competency study and bat transmission and uptake studies with EEE, WEE, and WNV.  Financial support for these latter studies can be obtained from the Federal government in the form of an NIH (NIAID) – R01 grant.  

Figure 1:  Proposed Alternative Maintenance Cycle


D. Species Relevance

Species relevance exists in the choice of virus for reservoir competency modeling.  HJV is not a commonly recognized pathogen of horses, even though it is related to WEE.  Which, does infect horses.  HJV infection can result in false-positive EEE and WEE clinical diagnosis through cross-reactivity, (112, 141) and is maintained enzootically like EEE. Unlike EEE infections in horses, HJV infections rarely cause severe central nervous system dysfunction and death. (138) HJV can be used safely to establish reservoir competency of the soft tick, O. kelleyi, for maintenance of the devastating and often fatal encephalitis viruses acquired by horses from infected mosquitoes.  These encephalitis viruses cost the equine industry, and government agencies millions of dollars each year.  A better understanding of the maintenance mechanisms of the arboviral encephalitis viruses that affect horses will aid the equine industry in reducing the costs associated with prevention of and treatment for EEE, WEE, and WNV infections.  

HJV is not recognized as a pathogen of humans like EEE, and WEE.  The use of EEE and WEE in direct competency studies entails unnecessary human health risks, registration with the Federal government for select agent handling, Justice Department Clearance for use of select agents (which Jennifer Tackett has as a member of the Biodefense Medical Systems team at Battelle), and a need for biological safety level three conditions.  By using HJV (a biological safety level two agent) and a veterinary pathogen of poultry but not a pathogen of humans or horses, to model the system, data can be generated safely to support further studies which would utilize the viral agents of EEE and WEE.  The choice of HJV as a modeling virus is further supported by its known enzootic cycle, similar to EEE between passerine birds and C. melanura on the eastern coast of the United States, and the fact that it is a member of the western equine encephalitis virus complex. (88, 101, 140, 141)  Additionally, HJV can cause clinical mis-diagnosis, generation of false positive results by cross-reaction to other arboviral encephalitis viruses have been documented. (112, 141)   

E. Preliminary Data

Preliminary data exists in laboratory and field methods applications.  Jennifer Tackett has experience with all proposed methods used in this grant application.  She has experience with collection and maintenance of arthropods such as centipedes, crayfish, harvestmen, millipedes, mites, spiders, sow bugs, ticks and numerous orders of insects like the Orthoptera, Hemiptera, Homoptera, Coleoptera, Lepidoptera, Diptera, and Hymenoptera.  During her thirteen years of applied laboratory work she has executed numerous cell culture protocols with established mammalian cell lines such as African Green Monkey Kidney (Vero and CV-1), and HeLa cells, chick embryo fibroblasts, and tumor tissue.  She has propagated and purified both double stranded DNA and positive strand RNA viruses in vitro from ATCC and private stock in addition to insect homogenates.  She has used viral products in applied and developmental ELISA (enzyme-linked immunosorbent assay) procedures, applied and developmental PRN (plaque reduction neutralization) assay procedures, Plaque assay, RT-PCR (reverse transcriptase - polymerase chain reaction), and gel electrophoresis applications.  Her background includes DNA and RNA extraction, purification, qualification, and quantitation from mammalian tissues, insect homogenates, bacterial cell cultures, and viral preparations.  

F. Experimental Plan

Specific Aim 1:  Establish an alphavirus EEE, HJV, WEE and flavivirus WNV free- laboratory colony of the soft tick O. kelleyi.

RATIONALE:  The purpose of this specific aim is to provide adequate numbers of the necessary tick, O. kelleyi, for the work proposed in this grant application.  Establishment of a laboratory colony of O. kelleyi, which is free of not only HJV but also the alphaviruses EEE, and WEE, and the flavivirus WNV is essential, not only from human safety concerns but also for successful completion of this project.  

APPROACH:  Using established arthropod sight collection techniques supplemented with CO2/dry-ice baited traps, halogen lighting and a Berlese funnel, (29, 109) ticks will be collected from previously identified bat roosting and infested sites in Ohio including attics, barns, bat houses, caves, chapel belfries, and storage building in southern Brown and Clermont Counties, western Franklin county, Holms, Muskingum, and Wayne counties. Collected ticks will be keyed to species to ensure that they are O. kelleyi. Ticks will be stored in bottles containing plaster of Paris bases covered with a thin layer of bedding materials composed of crushed corn cobs, aquarium gravel, and sand to provide a loose easily sifted matrix in which the ticks can hide.  The rims of each bottle will be greased with Vaseline or a similar lubricant to provide an escape barrier and the bottle will be closed with a mesh screen or perforated saran wrap secured with a band or string.  Bottles will be maintained in a primary container with a balanced salt solution for humidity control.  The primary container will be placed within a tray of shallow water as an additional barrier to escape.  All ticks will be sorted by collection location, life stage, and gender.  Records will be maintained on all ticks and their progeny throughout successive generations used in this study to ensure lineage of each specimen analyzed.

Ticks chosen at random from the established colony will be fed on blood using an artificial feeding technique. (2, 85, 109, 110)  Ticks will be paired, marked, allowed to copulate, and oviposite.  They will be maintained throughout all life stages in labeled containers for lineage determination.  The initial pairs of bred ticks will be pooled by gender and homogenized for virus detection by plaque assay.  Virus identification will be accomplished using a combination of RT-PCR (which is sensitive, rapid, and specific; reducing the potential of cross-reactivity of antibodies used in immunological methods that can have low sensitivities and give false-positive or false-negative results) with specific purified sense and anti-sense primers such as forward sequence 5’-AAGGAAGGCAATTGTCCTGTC C-3’ and reverse sequence 5’-ATGCGACACTGCACAGCATTATGC-3’ developed for a 493 base pair target on the E1 envelope glycoprotein of HJV (141), the forward primer 5’- CTAGTTGAGCAC AAACACCGCA-3’ and reverse primer 5’- CACTTGCAAGGTGTCGTCTGCCCTC-3’ designed to amplify a 464 base pair region of the E2 glycoprotein of EEE (67), amplicon primers designed to target a 354 base pair region of WEE E2 glycoprotein with forward 5’- GTTCTGCCCGTATTGCAGACAC TCA-3’ primer and reverse 5’- CCTCCTGATCTTTTTCTCCACG-3’ primer, (67) and the forward primer 5’- CCACCGGAAGTTGAGTAGACG-3’ with reverse primer 5’-TTTGGTCACCCAGTCCT CCT-3’ designed for a 61 base pair region of the nonstructural gene 5 segment of the WNV genome (40), agarose gel electrophoresis of RT-PCR reaction products, bi-directional cDNA sequencing, sequence comparison and identification by performing a BLAST on Gene Bank.  Progeny of the tested pairs will be certified alphavirus EEE, HJV, WEE and flavivirus WNV- free if no viral material is identified from the parent homogenates.

Anticipated results are presented below for specific aims 1 and 2.           

Specific Aim 2: Infect members of the alphavirus EEE, HJV, WEE and flavivirus WNV- free laboratory colony of the soft tick O. kelleyi with HJV and monitor the ability of this tick species to maintain HJV through successive tick generations.   

RATIONALE:  This specific aim will determine if the soft tick O. kelleyi has the ability to acquire and maintain a HJV infection.  Certified virus free ticks of the O. kelleyi laboratory colony will be tested for their ability to uptake the HJV by feeding on infected blood using an artificial feeding technique.  The ability to maintain an acquired infection will be monitored over time and through several generations.  Transmission of the virus from infected ticks to uninfected blood will complete the study of reservoir competency of the tick O. kelleyi for HJV in the laboratory.  

APPROACH:  Certified virus-free ticks of the O. kelleyi laboratory colony will be infected with the HJV by feeding artificially on blood infected with a known level of HJV following propagation of the virus in vitro on Vero cell monolayers and titer determination by TCID50. (38, 39, 84, 90, 112) These ticks will be considered generation one.  They will then be marked, paired, allowed to copulate, and allowed to oviposite.  Eggs, generation two, will be collected and distributed into separate containers according to parental lineage.  Once generation two adults have begun to emerge from the breeding of these infected ticks, the ticks of generation one will be allowed to feed a second time on uninfected blood and repeat the reproductive cycle.  The subsequent generation, generation three, will be tested for the presence of HJV after reaching the adult stage and being fed uninfected blood.  Generation one will be grouped by gender and homogenized following the establishment of generation three, for virus detection by plaque assay.  All virus detected will be identified as in specific aim one using RT-PCR with HJV specific primers followed by agarose gel electrophoresis, cDNA sequencing of purified amplicons, and sequence comparison and identification by performing a BLAST on Gene Bank. 

Progeny, generation two, of the ticks from the infected feeding cycle, generation one, will be fed on uninfected blood using artificial feeding techniques, marked, paired, allowed to copulate, and allowed to oviposite.  Eggs will be collected as with the parental generation and reared to adulthood.  Generation two will then be tested as before for the presence of HJV.  

Analysis of the progeny from the first feeding on infected blood, generation one, and the progeny derived from that generations mating(s), generation two and generation three, after feeding on uninfected blood will provide data on the tick’s ability to maintain the virus and transmit it by TOT to the next generation.  Analysis of the infected ticks, generation one, will demonstrate if the tick was indeed able to uptake the virus and sustain a persistent infection over time.    

The uninfected blood, on which generation one fed following infection with HJV and oviposition, will be tested for presence of HJV.  Ability of the soft tick, O. kelleyi, to transmit the virus via saliva to a potential host will be determined by this testing.  Blood will be tested for virus using standard plaque assay, followed by RT-PCR primed specifically for HJV with subsequent testing as outline earlier.   

ANTICIPATED RESULTS (Specific Aims 1 and 2):  HJV, EEE, and WNV may be isolated from some number of the wild tick specimens collected and tested during establishment of the colony.  This may make it difficult to establish a virus-free group of ticks for use in the experimental infection of specific aim 2.  If virus presence is noted in the ticks, breeding experiments can be conducted to determine if the virus is limited to one gender, or if TOT or venereal transmission to just one gender or both males and females occurs.  We can also establish separate sub-colonies from locations, which proved to be virus-negative upon the initial survey.  These sub-colonies would be certified virus-free before the infection experiments of specific aim 2 are initiated.  During breeding/transmission experiments these ticks can also be assessed for the ability to mechanically transmit virus via expulsion of virus particles in coxal fluid.  Coxal fluid is the clear liquid discharged by the tick during or shortly after feeding in an effort to concentrate the protein from its blood meal and remove excess water and ions to maintain water balance. (108)   

This study calls for adult and nymphal tick feeding by means of artificial techniques that have been used successfully with laboratory colonies of Ornithodoros moubata and Argas sp. ticks (2, 85). These techniques have not been tried with O. kelleyi, and this may present unexpected difficulties.  O. kelleyi has been fed as an adult and during the four nymphal stages by artificial means. (110) If the laboratory specimens, adults and nymphs, cannot be fed using artificial techniques, then it will be necessary to feed them upon live white mice. (100, 110)  Although, to my knowledge, this has not been attempted for this species of tick in the laboratory, (110) an attempt will be made to feed the larvae artificially.   Larvae may require maintenance on weanling white mice.  (6, 100, 104, 110) 

Reservoir competency of O. kelleyi in the laboratory for HJV should be demonstrated by this study.  The ability of O. kelleyi to transovarially transmit the HJV should also be demonstrated by virus isolation from male progeny in both the generation two and generation three groupings.

G. Methods and Procedures

The methods and procedure described in this proposal were developed or modified by the principal investigator from published literature (24, 37, 72, 85, 100, 109, 112, 133, 141) and past work experience pertaining to entomology, microbiology, molecular biology, and virology; were provided with the specific kits chosen for the procedure or were established and supported by the laboratory in which they were conducted. 

Tick homogenates will be prepared by homogenizing up to five ticks per pool in 10 mL of buffered saline solution or tissue culture medium (MEME) without supplemental fetal bovine serum.  Ticks will be pooled according to gender, either all male or all female.  External surfaces of ticks will be disinfected (72) prior to homogenization to remove any surface agents, which might affect the analysis.  Following homogenation the suspension will be centrifuged and the supernatant removed for use in the plaque assay analysis for viral presence.  HJV will be used as a positive control on the plaque assay.  Buffered saline solution will be used as a negative control.  Aliquots of each tick homogenate supernatant will be stored at – 70° C for use in RT-PCR if cytopathic effects (CPE) are observed on the plaque assays using African Green Monkey Kidney (Vero) cell monolayers.  The plaque assay will be monitored for CPE at 24 hours, 48 hours, and 72 hours.  Following incubation, Vero monolayers will be fixed with neutral buffered formalin for later enumeration.

Viral RNAs will be extracted and purified from the stored tick homogenate supernatant using QIAamp Ultra Sens Virus Kits, (QIAGEN Inc., Valencia, California).  Viral extracts will then be amplified using QIAGEN OneStep RT-PCR Kits, (QIAGEN Inc., Valencia, California) and specific primers designed for this study, aimed at detection of HJV, EEE, WEE, and WNV viral gene products.  RT-PCR products will be analyzed by agarose gel electrophoresis and illuminated under UV light following staining with ethidium bromide.  cDNA bands corresponding to the molecular weight of target gene sequences will be excised and purified using QIAquick gel extraction kits, (QIAGEN Inc., Valencia, California).  Controls will be included in the RT-PCR analyses and on the agarose gel electrophoresis along with a marker ladder encompassing the range of desired base pair products.

Purified cDNA bands will be amplified using RT-PCR and the specific primers designed for this study.  The amplified product will then be re-analyzed by agarose gel electrophoresis.  The gel will be imaged using UV light and ethidium bromide staining for confirmation of the desired molecular weight product(s).  One representative band for each desired gene product, from each generation tested will be extracted from the gel for bi-directional sequencing.  Extracted bands will be purified using the QIAquick gel extraction kits, (QIAGEN Inc., Valencia, California), as before.  Purified product will be submitted to a contracted laboratory for bi-directional sequencing, using primers generated specifically for this study for the band being sequenced.  The sequences generated from the purified RNA/cDNA will be BLASTED on Gene Bank (National Center for Biotechnology Information, Bethesda, Maryland) for identification.
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III. Facilities Available


The first phases of O. kelleyi colony rearing will be performed within the Department of Entomology, The College of Biological Sciences, The Ohio State University in the laboratory of Glen Needham, co-advisor to the graduate research associate Jennifer Tackett.  And in the Department of Veterinary Biosciences, The Ohio State University in the laboratory under the supervision of Dr. Michael Oglesbee, co-advisor to the graduate research associate, Jennifer Tackett.  Tick infection and all subsequent work pertaining to molecular biology and virologic aspects of the study will be performed within the Department of Veterinary Biosciences, The Ohio State University in the laboratory of Michael Oglesbee.  This work will be facilitated by access to necessary Departmental Instrumentation.  The University Comprehensive Cancer Center core facilities will be utilized for DNA sequencing, a service provided on a per fee basis.

IV. Investigator Information

A. Biographical sketches of Jennifer Tackett and Dr. Michael Oglesbee are attached. 

B. Roles of Investigators


Jennifer Tackett, a graduate student, is responsible for the execution of the experiments, maintenance of the laboratory colony of Ornithodoros kelleyi, and data analysis required by this proposal.  Jennifer is a graduate student in the Department of Entomology,  with a focus on Medical and Veterinary Entomology and is co-advised by Dr. Michael Oglesbee, Department of Veterinary Biosciences, and Dr. Glen Needham, Department of Entomology.  Jennifer Tackett has a Bachelor of Science Degree in Microbiology from The Ohio State University, 1993, with thirteen years of applied industry and laboratory work experience.  During the years 1997 and 1999 Jennifer attended continuing education training for which she received certificates of competency in applied micro-analytical entomology.  Battelle Memorial Institute currently employs Jennifer, full-time, where she is a research technician focused on biotechnology in the areas of applied immunology, molecular biology, and virology.  Additional advising and consultation support will be provided by Dr. David Ecker, Ph.D. President of Ibis Therapeutics a division of Isis Pharmaceuticals and Dr. Scott Weaver, Ph.D., Director for Tropical and Emerging Infectious Diseases at the University of Texas Medical Branch.    

C. Letters of Cooperation

Letters of cooperation are attached for Dr. David Ecker, Ph.D., Dr. Glen Needham, Ph.D., and Dr. Scott Weaver, Ph.D.

V. Vertebrate Animals

In the unlikely event that O. kelleyi larvae cannot be fed artificially, and in the unlikely event that transmission of HJV to naïve ticks requires blood meal(s) from a living host, small numbers of adult and weanling white mice will be needed.  In this instance, an ILACUC protocol for use of these mice will be executed and the Council for Research and Dean Andreas von Recum will be notified, in writing, of the ILACUC approval prior to initiation of these experiments. 

VI. Principle Investigator Assurance

If a grant is awarded as the result of this application, the undersigned agrees to accept:

a. responsibility for the scientific and technical conduct of the research project,

b. provision of a final report to the College Research Office,

c. presentation of the results of this project at the next College Research Day, and

d. submission of a grant application based on this work to an extramural funding agency.

_________

____________________________

Date


Co-Principal Investigator

_________

____________________________

Date


Co-Principal Investigator

VII. Estimated Budget 

A. Personnel

Jennifer Tackett

Graduate Student and Co-Principal Investigator

100% effort (without compensation, WOC)

Michael Oglesbee, D.V.M., Ph.D., ACVP

Co-Advisor and Co-Principal Investigator

5% effort (WOC)

Glen Needham, Ph.D.

Co-Advisor

5% effort (WOC)

B. Expendable Supplies

	Tissue culture supplies: 6 well culture plates, T-25/T-75/T-150 flasks, Roller Bottles, 96 well plate, Media ( MEME), FBS, PBS, Agarose, Trypsin-EDTA, DMSO, disposable gowns or sleeves, 2, 5, 10, 25 ml pipets, cryo-vials, ultra centrifuge tubes, sucrose, filter units, formalin, giemsa stain, trypan blue, bleach, wescodyne, alcohol-Ethanol, Highlands J virus, Vero cells. 
	$ 5151.96

	
	

	RT-PCR Supplies: QIAamp Ultra Sens Viral Kits, QIAGEN One-Step RT-PCR Kits, QIAquick Gel Extraction Kits, Custom Primers, Mineral oil
	$ 7498.00

	
	

	Electrophoresis Supplies: (Gels, Running Buffer, Marker Ladder, Loading dye, Loading buffer, Scalpels, Film)
	$ 1303.60 

	
	

	Tick rearing:  48 well plates, parafilm, nalgene bottles, filter paper, Horse blood 
	$ 1932.97 

	
	

	Miscellaneous supplies: Nuclease-free non-DEPC treated water, micro-pipette tips, microcentrifuge tubes, gloves, 50 ml tubes, 15 mL tubes, Tris-EDTA, Tris HCl, biohazard waste bags 
	$ 3425.45

	
	$ 19,311.98


C. Other Costs

Nucleotide sequencing, up to 20 samples






 $ 400.00

Total Project Costs

$ 19,711.98 























